Introduction {#sec1}
============

Cells are naturally exposed to a wealth of stimuli that influence their function and behavior. The chemical aspect of this signaling has been recognized for centuries, yet it is only in the past few decades that the mechanical and electrical sensitivity of biological systems has become apparent. The mechanical environment of cellular systems can regulate the shape and function of many cell lines^[@ref1],[@ref2]^ and even guide the fate of stem cell differentiation.^[@ref3],[@ref4]^ Electrical stimulation of cells has also been shown to influence a number of biological processes *in vitro* including cell attachment, cell division, and cell movement, as well as bone production and wound healing *in vivo*.^[@ref5]^ Observations of these phenomena have fueled significant interest in the emerging fields of mechanobiology^[@ref6]−[@ref9]^ and bioelectronics.^[@ref10]−[@ref13]^ This attention is motivated partly by academic curiosity but also because of the exciting prospect of an entirely new perspective on the treatment and management of diseases. The pharmaceutical industry is dependent on the chemical sensitivity of biological systems, but as modern medicine advances into tissue engineering and regenerative medicine, it is vital that all aspects of biological signaling---chemical, mechanical, and electrical---are understood and controlled. As a result, there is currently great interest in designing devices and environments that can exploit the electromechanical sensitivity of cells.^[@ref14],[@ref15]^ In particular, there has recently been a huge increase in the popularity of piezoelectric materials for cell culture applications. The inherent coupling between mechanical and electrical properties is interesting from an electromechanical stimulation perspective, as is the fact that many biological materials, including wood, bone, tendon, skin, and DNA,^[@ref16]−[@ref19]^ are themselves piezoelectric.

The use of piezoelectric materials in cell culture applications is discussed at length in a number of recent reviews, all published in the past three years.^[@ref20]−[@ref27]^ Typically, cells are cultured directly onto scaffolds made from piezoelectric ceramics,^[@ref26],[@ref28],[@ref29]^ piezoelectric polymers,^[@ref30]−[@ref33]^ or polymer/ceramic composites where one or both components may be piezoelectric.^[@ref34],[@ref35]^ In many cases, the cell culture conditions are static, that is, no additional mechanical or electrical stimulation is applied to the scaffold during incubation. As Tandon *et al.* mention in their recent review,^[@ref24]^ there is a significant problem with this protocol. The rationale for using piezoelectric materials is that any mechanical stimulation of the cell culture is also coupled to electrical stimulation. If mechanical stimulation is absent, then so too is any electrical stimulation. Dynamic conditions are possible but require an external transducer to provide some mechanical perturbation.^[@ref32],[@ref36],[@ref37]^ For some applications, such as those which require implantation, this is not a valid approach.

Achieving dynamic culture conditions without an external transducer requires the cells themselves to deform the piezoelectric material. While cells are capable of exerting traction forces to their surroundings, these are typically of the order of pico- to nanonewtons.^[@ref38]^ Achieving piezoelectric stimulation under these quasistatic cell culture conditions requires a piezoelectric material that is suitably "soft". As shown in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}a,^[@ref39]−[@ref42]^ "soft" piezoelectric materials do not exist, at least within the range of moduli typically found in biological tissue, and therefore these traction forces are insufficient to induce any significant strain (and therefore polarization) in conventional bulk piezoelectric materials. There is very little scope to alter the intrinsic modulus of piezoelectric materials. Instead, to address the issue of stiffness, the extrinsic compliance of the structure can be modified. Nanostructures can have exceptionally high aspect ratios and as a result can be very susceptible to bending modes of deformation. An array of vertically aligned nanostructures therefore appears significantly softer than the bulk material with respect to in-plane shear deformation, as demonstrated in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}b (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S1 for further details).

![(a) Schematic representation of the broad range of stiffness in the biological tissue and how these compare to the moduli of typical piezoelectric materials: lead zirconium titanate (PZT), zinc oxide (ZnO), and poly(vinylidene fluoride). (b) Schematic of the bending mode of high aspect ratio structures with aspect ratio ϕ, which results in reduced effective stiffness *k*~nano~ by a factor of ϕ^--2^ with respect to the bulk material. (c) Proposed mechanism by which a cell can electromechanically stimulate itself by interacting with the piezoelectric nanostructures. (d) Simulation of a PLLA nanotube with axial polymer chain orientation, showing the potential developed in response to bending. Inset shows the opposing potentials developed across the tube diameter and the orientation of the corresponding electric field. (e) An example of the PLLA nanotube arrays produced *via* melt-press template wetting (i) in cross-section and (ii) in plan view.](mt0c00012_0001){#fig1}

In this work, we demonstrate that high-aspect ratio nanostructures can be used to create "soft" piezoelectric surfaces which can directly interface with growing cells, as schematically outlined in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}c. Similar approaches have been attempted before but with inorganic, nonbiocompatible piezoelectric materials.^[@ref43]^ Here, we show that nanotubes of the piezoelectric bio-polymer poly-[l]{.smallcaps}-lactic acid (PLLA) are ideally suited to this application. The piezoelectric properties of this polymer, combined with straightforward nanofabrication methods, result in flexible, biocompatible and biodegradable piezoelectric nanotubes that develop significant material polarization in response to bending. Human dermal fibroblast (HDF) cells cultured on these surfaces are therefore able to electromechanically stimulate themselves simply by interacting with their environment. Furthermore, crystallization of the polymer nanostructures allows for the electromechanical properties of the surface to be tuned. Previous studies on PLLA, both in the bulk and in nanofiber mats, have shown that crystallinity can influence cell response, although the mechanism is not well understood.^[@ref44]−[@ref47]^ However in the present work, an explanation is given for the influence of nanostructure crystallinity on cell attachment. This work is therefore the first demonstration of "soft" piezoelectric surfaces for biological applications with tunable electromechanical properties.

Results and Discussion {#sec2}
======================

PLLA Nanotubes as Flexible Piezoelectric Structures {#sec2.1}
---------------------------------------------------

In order to produce a soft piezoelectric surface *via* nanostructuring, it is reasonable to start with a bulk piezoelectric material that is already somewhat compliant. Piezoelectric polymers are interesting materials in this regard, with elastic moduli typically an order of magnitude lower than high-performance piezoelectric ceramics (albeit with a similar decrease in piezoelectric coefficients).^[@ref48]^ PLLA stands out for this particular application because of its biological credentials^[@ref49]^ and its shear piezoelectric properties.^[@ref50]^ PLLA is already widely used in biomedicine because of its biodegradable and biocompatible properties.^[@ref51]^ Bone fixings and tissue scaffolds made from PLLA can be implanted to support the healing tissue before degrading into lactic acid and being resorbed by the body.^[@ref52]^ Under appropriate conditions, PLLA is also piezoelectric, although the implications of this for biomedical applications are yet to be fully explored.^[@ref53]−[@ref56]^ PLLA exhibits shear piezoelectricity, that is, the non-zero components of the piezoelectric tensor (in Voigt notation) are *d*~14~ = −*d*~25~. Typically *d*~14~ is measured to be around 10 pC/N,^[@ref23],[@ref25],[@ref50]^ although the exact value is dependent on material processing.

The component *d*~14~ couples a shear stress to material polarization (and vice versa). This is useful when considering the bending mode of deformation proposed above. The shear force in a rigidly fixed, end-loaded cantilever is roughly constant along its length. A nanostructure made from PLLA would therefore generate piezoelectric potential along its entire length when bent, provided that the strain from bending couples to the non-zero elements of *d*~*ij*~. This is achieved by considering the orientation of the piezoelectric material, which in polymers is determined by the alignment of the polymer chains. For PLLA, with non-zero *d*~14~ = −*d*~25~, an axial polymer chain orientation would result in a significant diametric potential when the nanostructure is bent (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S2).

Previous work in this group has demonstrated that melt-press template wetting of PLLA results in arrays of vertically aligned nanotubes with an axial polymer chain orientation,^[@ref57]^ exactly as required for the "soft" piezoelectric surface outline above. Finite element analysis (FEA) of this structure shown in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}d was used to validate that piezoelectric potential is indeed developed in response to bending. Opposing potentials were found to develop on the either side of the nanotube; importantly, this also applies to the very end of the structure, where the force is applied. On the other hand, in piezoelectric polymers which operate with normal (as opposed to shear) piezoelectric coefficients, the maximum potential can occur away from the point of force application, that is, away from the cell attachment site. With PLLA nanotubes, an attached cell would experience an in-plane electric field of the order of 10^4^ V/m ([Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}d).

The melt-press template wetting method results in nanotubes ≈30 μm long, ≈300 nm in diameter, and a wall thickness of ≈50 nm. The surface and cross-section are shown in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}e. Analysis of how the tube length, radius, and wall thickness influence the surface potential in response to bending can be found in Figure S3 of the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf). The length of these nanotubes is significantly greater than those modeled with FEA (30 μm *vs* 5 μm). It is very computationally intensive to accurately model the entire length of the observed nanotubes; however, the trends and insights provided by modeling the shorter tubes can be extrapolated and applied to the longer tubes observed experimentally.

HDF Response to Soft PLLA Nanotube-Based Piezoelectric Surfaces {#sec2.2}
---------------------------------------------------------------

SEM images of HDFs cultured on these nanostructured surfaces are shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}a(iii),b(iii). Further images are shown in the Supporting Information [Figure S5](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf). The nanotubes have a tendency to cluster and clump together, even in the absence of cells. However, there is evidence to suggest that HDFs cultured on the nanotube surface are capable of deforming the nanotubes within each cluster. It should also be noted that these SEM images are obtained after dehydrating the samples, so some drying artefacts may be present.

![Cellular interaction with PLLA nanotubes. All images were taken after 72 h culture. HDFs grown on (a) the amorphous PLLA nanotube surface. (b) Crystalline PLLA nanotube surface. (c) TCP. (i) Live/dead staining of HDFs, live cells shown in green, dead cells in red. (ii) Rhodamine and DAPI staining of HDFs, demonstrating clustering on nanotubes, in contrast to elongation on TCP (iii) SEM images of HDFs showing coverage and surface morphology.](mt0c00012_0002){#fig2}

The behavior of HDFs on the nanotube surface is different in a subtle way to that observed on standard tissue culture plastic (TCP). [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}c demonstrates how HDFs on TCP appear more orientated, and distinct, while those on the PLLA NTs are more clustered and less elongated, as shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}a,b. Live/dead staining of cells grown on these surfaces for 72 h---as shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}a(i),b(i)---indicates that the material and structures are biocompatible. This is somewhat unsurprising, given the biological credentials of PLLA. PLLA is a biodegradable polymer and will degrade over a timescale of weeks and months.^[@ref58]^ The cell testing in this study was performed at shorter timescales to mitigate the influence of material degradation.^[@ref46]^

The geometry of the nanotubes results in an effective stiffness approximately 10^4^ times lower than that of bulk PLLA, with respect to in-plane shear deformation (as calculated using the method outlined in [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S1). Using the observed values of length, radius, and wall thickness, and assuming a Young's modulus of 4 GPa,^[@ref49]^ the bending stiffness of a single nanotube is calculated to be 0.32 nN/μm---(see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S6 for details). However, as shown in the images in [Figure S5](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf), the cells do not interact with single nanotubes. Instead, the nanotubes cluster together and are deformed as a group. The calculated value for stiffness can therefore only be considered as a lower bound.

An absolute upper bound on the stiffness can be calculated by modeling each clump of nanotubes as a single nanotube with a diameter equal to that of the group. This analysis gives the upper bound as 200 nN/μm. These values are in a similar range to those reported elsewhere for micropost arrays.^[@ref3]^

It is also interesting to calculate an equivalent shear modulus for this surface; that is, for the same thickness of some equivalent bulk material, what value of shear modulus would be required in order for the force per unit lateral displacement at the surface to be the same. Using the same lower and upper bound approach, the equivalent shear modulus is between 220 kPa and 5.4 MPa. The actual value of stiffness and equivalent shear modulus will be much closer to the lower bound, but these estimates serve to put the mechanics of this surface in context with other biologically relevant soft materials.

In the previously mentioned work regarding melt-pressed PLLA nanotubes,^[@ref57]^ it was also shown that heat treatment can be used to induce crystallization in the nanostructures. The crystallinity of polymeric materials can have a significant influence of their physical, chemical, and electrical properties.^[@ref59]^ Thus, it is interesting to observe the response of HDFs to PLLA nanotubes of different crystalline fractions. Amorphous and crystalline PLLA nanotubes were therefore prepared for cell culture, with crystalline samples displaying an average crystalline (volume) fraction of ≈50%.

[Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"}a shows how the percentage cell attachment varies between arrays of amorphous and crystalline PLLA nanotubes, flat films of amorphous and crystalline PLLA, arrays of nonpiezoelectric amorphous and crystalline polypropylene (PP), and standard TCP for reference. The stiffness of the PLLA films changed upon crystallization (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S7), but neither were found to be piezoelectric because no overall molecular alignment existed in either sample. PP is a semi-crystalline but nonpiezoelectric polymer, and it is thus useful to highlight the influence of piezoelectricity on cell growth. It is also important to note that none of the samples were pretreated (aside from TCP plasma treatment) or precoated with any adhesive factors in the cell culture experiments.

![(a) Percentage cell attachment of HDFs to various different surfaces, as measured by a LDH assay after 14 h. Apart from TCP, none of the surfaces were pretreated. Significance assessed *via* a *t*-test; ns = not significant; \* = *p* \< 0.01. Square indicates mean value, box represents standard error in mean, whiskers show min. & max. values. (b) SEM image of HDF attachment to amorphous PLLA nanotubes. (c) SEM image of a substance coating on crystalline PLLA nanotubes believed to be an extra-cellular matrix. This coating was only observed on crystalline samples.](mt0c00012_0003){#fig3}

It is clear that crystalline nanotubes were the most adherent PLLA surface, with an average of 55% of the applied cells adhering to the surface. This approached the attachment to TCP, considered as a standard cell culture surface. Indeed, the differences in attachment observed between crystalline nanotubes and TCP in this experiment were not found to be statistically significant at a 0.05 level. [Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"}b,c displays SEM images of HDF cells cultured for 72 h on both amorphous and crystalline PLLA nanotubes, respectively. A substance can be seen coating the crystalline nanotubes in the vicinity of the cells. It is possible that this layer is an extracellular matrix (ECM) excreted by the cells in response to their surroundings. Clearly, crystallizing the PLLA nanotubes altered the properties of the nanostructures such that the cellular response was changed. Crystallization in PP nanotubes, however, resulted in no significant difference in the cellular behavior.

Nanoscale Characterisation of PLLA Nanotubes {#sec2.3}
--------------------------------------------

It is clear that the interaction between cell and nanotube essentially occurs at the nanoscale. To fully understand exactly how and why polymer crystallization affects cellular response, it was necessary to characterize the nanotubes at a similar length scale. Various scanning probe microscopy (SPM) methods have therefore been used to understand how crystallization changes the properties of PLLA nanotubes at the nanoscale. Kelvin probe force microscopy (KPFM),^[@ref60]^ quantitative nanomechanical mapping (QNM),^[@ref61]^ and piezoresponse force microscopy (PFM)^[@ref62]^ have been used to characterize the surface potential, mechanical properties, and piezoelectric response, respectively, of both amorphous and crystalline PLLA nanotubes. These properties are known to be a function of crystallinity in bulk polymer samples,^[@ref63]−[@ref65]^ but demonstrating the consequences of crystallization at the nanoscale is somewhat less well explored.

[Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"} shows a summary of the (a) QNM, (b) KPFM, and (c) PFM SPM results. An example topography image (i) is shown for each, as well as the relevant data channel (ii). Box plots illustrate the average properties of amorphous and crystalline nanotubes (iii). In each case, there is a statistically significant difference in the observed properties, indicating that polymer crystallization does indeed have an influence on nanoscale properties. These figures are reproduced with example line scans in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) (Figures S11--S13).

![(a) (i) Height and (ii) deformation data from QNM of an amorphous PLLA nanotube. Part (iii) shows deformation from the center of each nanotube, averaged over the nanotube length (*p* \< 0.01, *N* = 3). (b) KPFM data showing (i) height and (ii) surface potential of crystalline nanotube. Average values in part (iii) are from the entire projected area of the nanotube (*p* \< 0.05, amorphous *N* = 3, crystalline *N* = 5). (c) (i) Height and (ii) lateral PFM signal from the crystalline nanotube. Box plot in (iii) represents the PFM signal gradient, which correlates to the piezoelectric coefficient *d*~14.~ (*p* \< 0.01, *N* = 3). Error bars in all box plots represent standard deviation.](mt0c00012_0004){#fig4}

QNM is widely used to determine the mechanical properties of nanomaterials.^[@ref66]^ This technique operates in an intermittent contact mode, periodically indenting the sample surface with the tip and recording the deflections of the cantilever. By calibrating the stiffness of the cantilever, various mechanical properties of the sample can be inferred. Values for elastic modulus are often reported by fitting aspects of this data to indentation models, such as the Derjagin--Muller--Toropov (DMT) model.^[@ref67]^ This model, however, assumes a spherical indenter deforming an infinite flat plane and is therefore not suitable for extracting modulus values from indentations in hollow nanotube walls (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S8). Instead, the deformation data field can be used to indirectly observe a relative change in modulus as a result of crystallization. Each QNM indentation occurs at a fixed load, and thus, the deformation from this load can be reliably compared between samples. FEA demonstrates that this deformation is inversely proportional to the material modulus (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S8), and thus the relative change in modulus as a result of crystallization can be determined.

[Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}a shows the topography (i) and deformation (ii) images recorded by QNM on an individual amorphous nanotube using a peak force set-point of 100 nN. Large deformations were observed at the very edges of the nanotube. In this region, the tip side wall was in contact with the nanotube and therefore the loading geometry is not well defined. The data from this region are therefore difficult to interpret. It is better to consider the deformation at the center of the nanotube. This point corresponds to the loading geometry used in the simulations (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S8) and is more straightforward to analyze. The average central displacement of amorphous and crystalline nanotubes is shown in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}a part (iii).

The deformation of the crystalline PLLA nanotubes was found to be significantly less than that of the amorphous nanotubes by a factor of ≈3. Therefore, crystallization results in a three-fold increase in modulus of the PLLA nanotubes. Because the bending stiffness of each tube is linearly dependent on the Young's modulus, crystalline nanotubes appear 3 times more rigid than amorphous tubes. A similar increase in modulus was observed for bulk PLLA film samples (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S7). The error signal from QNM measurements can be also used to effectively highlight surface features. Some of these images are shown in [Figure S14](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf), demonstrating that while these nanotubes do have some surface roughness, it is no different between amorphous and crystalline nanotubes.

[Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}b displays KPFM height (i) and potential (ii) values from an individual crystalline PLLA nanotube. KPFM determines the potential difference between the AFM tip and the sample surface by scanning at a fixed height above the sample and monitoring the effects of electrostatic forces on the cantilever. The box plot in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}b(iii) represents the average potential observed from amorphous and crystalline nanotubes. It can be seen that crystallizing the nanotubes resulted in a small but significant increase in surface potential. This increase in potential may be attributed to the more regular order of the crystalline structure and greater registry between dipoles in the polymer chains. In this regard, PLLA crystallinity has previously been shown to improve the electret properties (the ability to store charge) of the film samples.^[@ref63]^ It is interesting to note that crystallizing bulk PLLA films resulted in a much larger increase in surface potential (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S9). The discrepancy between bulk and nanotube behavior can be explained by considering the molecular orientation of the PLLA nanotubes and the presence of extended chain crystals, as discussed in our previous work.^[@ref57]^

Finally, PFM has been used to characterize any changes in piezoelectric properties that occur upon crystallization. The effect of crystallinity on piezoelectricity in polymers is not completely understood nor agreed upon. Many authors state that piezoelectric behavior is due only to the crystalline component of semicrystalline polymers. However, early work on the topic hinted that regions of aligned, but not crystalline, polymer chains may also contribute to the piezoelectric effect in polymers.^[@ref68]−[@ref70]^ This idea has been validated more recently, with careful experimental work showing that the piezoelectric effect in some polymers cannot be explained by considering the crystalline regions alone.^[@ref71]^

Fundamentally, the requirement for piezoelectricity in PLLA is that of highly aligned polymer chains. Crystallization can be a good way to achieve this (hence the strong correlation between piezoelectric constant and crystalline fraction^[@ref65]^) provided that the formation of individual crystalline domains does not remove any overall anisotropy of the sample. [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}c displays (i) height and (ii) lateral PFM signals acquired from a crystalline PLLA nanotube. The image was acquired with an oscillating potential of 8 V at 125 kHz. The data field presented is the amplitude of the lock-in amplifier output.^[@ref62]^ The sawtooth profile visible in the lateral PFM signal (see [Figure S13](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) for line scans) is characteristic of shear piezoelectricity in PLLA nanostructures, as previously demonstrated by our group.^[@ref72]^ The gradient of this signal is directly proportional to the piezoelectric coefficient *d*~14~. Comparing the average gradient across different samples implies that crystalline nanotubes have a piezoelectric coefficient approximately 150% greater than amorphous tubes, as shown in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}c(iii).

A PFM signal was observed from amorphous nanotubes because significant molecular alignment already exists in these structures as a result of the melt-press template wetting growth method. Crystallizing the nanotubes increases the degree of this alignment, resulting in the observed increase in piezoelectric activity.

To summarize the SPM results, QNM, KPFM, and PFM have been used to investigate the properties of individual PLLA nanotubes, and how these change upon crystallization. A three-fold increase in stiffness was observed when comparing crystalline and amorphous nanotubes. KPFM revealed that the surface potential of the nanotubes increases in a subtle manner upon crystallization. Finally, PFM verified that the nanotubes are piezoelectric, showing the same behavior as the solution-grown PLLA nanowires described previously.^[@ref72]^ Piezoelectric activity was observed in both amorphous and crystalline nanotubes, consistent with the observations of molecular alignment in both structures.

Importantly, the change in cellular behavior observed between amorphous and crystalline nanotubes can therefore be rationalized in terms of changes in electromechanical properties that occur during crystallization. It is well known that mechanics can have a substantial influence on the ability of fibroblasts to produce ECM,^[@ref73]^ and there is a growing body of evidence that suggests electrical signals can have a significant effect on the production and composition of ECM.^[@ref74]−[@ref77]^ The differences in cell attachment between amorphous and crystalline samples agree well with these previous findings.

However, decoupling the effects of mechanics, piezoelectric properties and surface potential is challenging because all of these aspects are influenced by the crystallization process. The results from the PP NTs can help in this regard. PP is a semi-crystalline but nonpiezoelectric polymer. When PP is crystallized, it will become stiffer,^[@ref78]^just as with PLLA, yet unlike PLLA, it does not exhibit piezoelectricity in either the amorphous or crystalline state. As such, PP NTs act as a control against the influence of stiffness in the HDF attachment assay. In addition, the variation in surface roughness between both amorphous and crystalline nanotubes of PP and PLLA shows no observed difference at the microscale, so roughness is not expected to have an influence here.^[@ref44],[@ref46]^ It is important to stress that the *absolute* values of attachment cannot be directly compared between the sets of PLLA and PP nanotubes---the materials are not the same and will have different surface chemistries. The PLLA study and the PP study are internally consistent, and hence it is the *relative* change in cell attachment that is the relevant parameter here.

As previously discussed, the results in [Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"} show that there is no significant difference in attachment between amorphous and crystalline PP nanotubes. This is in contrast to the case of PLLA nanotubes, where crystalline nanotubes displayed significantly greater cell attachment. Given that there is no expected or apparent difference in the microscale roughness displayed in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}e(i), this suggests that it is piezoelectricity that is influencing the level of cell attachment in PLLA nanotubes. Only in the case of PLLA will crystallization result in a change in piezoelectric properties, and only in the case of PLLA does crystallization result in an increase in cell attachment. These observations suggest that it is piezoelectricity, and not mechanics, that is influencing the level of attachment. The fact that adherent cells are able to transduce the changes in piezoelectric properties under the quasistatic cell culture conditions indicates that the PLLA nanotubes are suitably "soft".

Conclusions {#sec3}
===========

In this report, we demonstrate that high-aspect ratio polymeric nanostructures can be used to address the significant imbalance in stiffness between common piezoelectric materials and biological tissue, thus creating a "soft" piezoelectric surface for cell culture. The biologically derived piezoelectric polymer PLLA is an ideal material for this application because of its biocompatibility, and perhaps more importantly, because of its shear piezoelectric properties. PLLA nanotubes produced *via* melt-press template wetting have been found to possess the correct polymer chain orientation to express the piezoelectric properties of PLLA in bending configuration. HDF cells cultured onto the nanotube surfaces were observed to be deforming the nanostructures, thus validating the idea of creating a "soft" piezoelectric surface from nanostructured piezoelectric PLLA for biological studies. Cells were found to attach readily to PLLA nanotubes but not to films of the same material. Crystalline PLLA nanotubes displayed greater attachment compared to amorphous structures, almost equal to TCP despite the lack of any surface treatment or adhesive factors.

SPM investigations demonstrated that this difference in behavior was as a result of significant changes to the electromechanical properties of the polymer occurring upon crystallization. KPFM revealed that the surface potential of the nanotubes increases in a subtle way upon crystallization. Using PF-QNM, a three-fold increase in stiffness was observed between crystalline and amorphous nanotubes. Finally, PFM verified that the nanotubes are piezoelectric, with an increase in activity between amorphous and crystalline nanotubes. Control experiments with nonpiezoelectric nanotubes indicated that the changes in piezoelectricity are largely responsible for the changes in cell behavior. This outcome is only possible because of the nanostructured surface---cells attached to these nanotubes can only transduce changes in piezoelectric properties through mechanical interactions, and meaningful mechanical interactions are only possible because of low effective stiffness afforded using the high-aspect ratio nanostructures.

Methods {#sec4}
=======

FEA Simulations {#sec4.1}
---------------

COMSOL Multiphysics 5.3a was used for all FEA simulations. The PLLA nanotube length, radius, and wall thickness were varied systematically using the parametric sweep function. Material parameters used can be found in [Table S2](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf). A quadrilateral mesh was swept along the axial direction of the nanotube. The maximum mesh element size was one-half of the wall thickness, validated with a convergence test (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S4). Likewise, the dimensions of the mesh of elements along the length of the tube were subjected to a convergence test, with 50 nm elements being found to be satisfactory. To model the piezoelectric and mechanical response, a 1 nN load was applied perpendicularly to the top face of the tube. The bottom face was rigidly fixed and set to the electrical ground. Modeling the entire 30 μm length observed experimentally is impractical because of the high aspect ratio and high geometric nonlinearity of the computation, but the results from these simulations can nonetheless be transferred.

Nanotube Fabrication {#sec4.2}
--------------------

Pellets of PLLA (Lactel B6002-2, Sigma-Aldrich) were used to fabricate the nanotubes. The melt-press template wetting method of fabrication has been described previously.^[@ref57]^ Briefly, pellets of the polymer are heated to c. 190 °C and pressed into a nanoporous membrane of anodized aluminium oxide (AAO). The molten polymer enters the pores in the template, coating the walls to form nanotubes. The resulting nanotubes have diameter 305 ± 24 nm and wall thickness 56 ± 10 nm.^[@ref57]^ Crystalline samples were heat-treated in an oven at 120 °C for 1 h, which resulted in samples with approximately 50% crystallinity as assessed by X-ray diffraction (XRD).^[@ref57]^ Amorphous samples were not heat-treated and displayed no measurable XRD peaks. The template material was removed by etching in phosphoric acid (40% v/v in water) for 3 h. After etching, samples were washed five times in water and once in ethanol. Analogous flat films were produced in an identical manner, except without the AAO template.

PP nanotubes were fabricated using the same melt-press template wetting method. Pellets of isotactic PP (Goodfellow) were heated to 250 °C and pressed into the AAO membranes. Isotactic PP crystallizes readily, and cooling in air after pressing is insufficient to produce amorphous samples. To avoid crystallization, samples were quenched to room temperature with water bath. Crystalline samples were produced *via* a heat treatment at 160 °C for 1 h. XRD patterns of quenched and annealed samples can be found in the [Figure S15](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf). Crystalline samples had ≈40% (volume) crystalline fraction, while amorphous samples were less than 5% crystalline.

SPM Characterisation {#sec4.3}
--------------------

For SPM measurements, the nanotextured film was sonicated in isopropyl alcohol for 10 min to dislodge some of the nanotubes. The nanotube suspension was then cast onto the palladium-coated silicon wafer and mounted onto a magnetic AFM mount with silver paint. All SPM characterization was performed using a Bruker MultiMode 8 atomic force microscope with a MESP-RC-V2 probe (Bruker). KPFM scans were performed at a scan rate of 0.5 Hz and lift height 50 nm. The potential values from KPFM were applied as a dc bias during PFM to mitigate artefacts from electrostatic potential.^[@ref79]^ PFM scans were carried out with an oscillating potential at 125 kHz and an 8 V zero-to-peak amplitude in a similar manner to what was described previously.^[@ref72]^ Scan rate was 0.1 Hz. The PFM output was not calibrated and the lock-in amplifier output is presented in arbitrary units. For QNM, the cantilever sensitivity was calibrated by performing a series of ramps on a sapphire sample (SAPPHIRE-12M, Bruker). A thermal tune was then used to determine the cantilever spring constant. A peak-force set point of 100 nN was used for all scans.

Cell Testing {#sec4.4}
------------

### Cell Preparation {#sec4.4.1}

HDF (Sigma-Aldrich) were cultured under standard tissue culture conditions (37 °C, 5% CO~2~) in T75 flasks with growth media consisting of Dulbecco's modified Eagle's medium (Sigma-Aldrich) with 10% (v/v) fetal bovine serum (Sigma-Aldrich) and 1% (v/v) streptomycin/penicillin (Sigma-Aldrich). Cells were prepared for experiments by detaching from the cell culture flask using 0.05% (w/v) trypsin/0.02% (w/v) EDTA (Sigma-Aldrich) and resuspended in growth media at a known density as measured by manual counting with a haemocytometer.

### Sample Preparation {#sec4.4.2}

An 8 mm biopsy punch was used to cut samples from the nanotextured and flat films for cell testing. Six independent films were prepared for each condition, and one sample was cut for cell testing from each film. After cutting, the samples were each sonicated in ethanol for 30 s. Samples were placed into separate wells of a 48 well plate (CytoOne). When growth media was added, it was often found that samples would float as a result of gas bubbles nucleating on the rough sample surface. To prevent this, a thin neodymium magnet was fixed to the underside of the plate and small gold-coated neodymium magnets were placed on top of the samples in each well (1.5 × 0.75 mm N52 gold plated disc, Gaussboys, USA). The small magnetic attraction through the base of the plate was sufficient to prevent the samples from floating. To ensure that the presence of the magnets did not influence the cell behavior, magnet pairs were also added to wells containing only TCP (i.e., without sample material) and compared to a TCP positive control. No change in cell behavior was observed between magnetic wells and the positive control---see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf) S10.

### Cell Attachment Assay {#sec4.4.3}

A lactate dehydrogenase assay was used to determine cell attachment. A 500 μL volume of cells at a density of 25 × 10^4^ cells/mL was added to each well containing samples, alongside TCP controls and the TCP + magnet control wells. The entire plate was incubated at 37 °C and 5% CO~2~ for 14 h. After this incubation period, the growth media was removed, and all wells were gently washed with 2 × 500 μL phosphate buffered saline (PBS) solution to remove loosely bound cells. The samples were then transferred to a new 48 well plate. Cells were lysed using a 200 μL volume of 2% (v/v) Triton X-100 in de-ionised (DI) water at room temperature for 2 h. A 100 μL volume of the lysate was then transferred to a new 96 well plate, and 100 μL of LDH substrate (Sigma-Aldrich) was also added to each well. This was left for 10 min at room temperature, after which the absorbance was measured at 490 nm using a plate-reader (SPECTROStar Nano, BMG Labtech).

Converting the values of absorbance back to percentage attachment was achieved by including a set of known cell density calibration wells on each plate. In these wells, a known percentage of cells was added---0, 10, 25, 50, and 100%---with the remainder of the volume being made up with growth media to 500 μL. These wells were washed very gently with 1 × 500 μL PBS after incubation to minimize the removal of cells. The values of absorbance were then plotted against the percentage of cells added and fitted to the linear model. This linear relationship was then used to convert values of absorbance into a percentage attachment.

Data analysis was performed in Origin 2016. Wells known to be subject to pipetting errors were omitted from the analysis. Significance was assessed using a two sample *t*-test assuming unequal variances. The box represents standard error in mean, and whiskers represent minimum and maximum values.

### Rhodamine and 4′,6-Diamidino-2-phenylindole Staining {#sec4.4.4}

Samples were prepared as mentioned above. A 500 μL volume of cells at a density of 50 × 10^4^ cells/mL was added to each well. The entire plate was incubated at 37 °C and 5% CO~2~ for 72 h. Samples were then fixed using 5% (v/v) glutaraldehyde (Sigma-Aldrich) in PBS for 20 min. Cells were lysed for 1.5 h with 0.5% (v/v) Triton-X solution in PBS for 5 min and stained with 0.1% (v/v) rhodamine phalloidin in PBS (Sigma-Aldrich) for 45 min. After staining, samples were washed with DI water and stained with 0.01% (v/v) 4′,6-diamidino-2-phenylindole (DAPI) (Sigma-Aldrich) solution in DI water for 5 min. Following another washing with DI water, samples were observed using a Zeiss Observer Z1 fluorescent microscope (Carl Zeiss Ltd.).

### Live Dead Staining {#sec4.4.5}

Samples were prepared as mentioned above. A 500 μL volume of cells at a density of 25 × 10^4^ cells/mL was added to each well. The entire plate was incubated at 37 °C and 5% CO~2~ for 72 h. Before staining, the cell media was removed and samples were washed with PBS. Briefly, cells were then stained with 2 μM calcein AM and 4 μM ethidium homodimer-1 in PBS for 30 min in a humidified incubator with 5% CO~2~ at 37 °C. Imaging was performed immediately after staining.

### SEM Sample Preparation {#sec4.4.6}

Samples were prepared as mentioned above. A 500 μL volume of cells at a density of 25 × 10^4^ cells/mL was added to each well. The entire plate was incubated at 37 °C and 5% CO~2~ for 72 h. After incubation, the samples were fixed with 5% (v/v) glutaraldehyde (Sigma-Aldrich) in PBS for 20 min. The samples were then immersed in serial dilutions of water/ethanol, for 1 min at a time followed by immersion in serial dilutions of ethanol/hexamethyldisilazane (HMDS, Sigma-Aldrich) for 5 min each, finally allowing any remaining HMDS to evaporate. Once dry, samples were sputter-coated with palladium and imaged using a Hitachi TM3030 desktop scanning electron microscope.

The Supporting Information is available free of charge at [https://pubs.acs.org/doi/10.1021/acsabm.0c00012](https://pubs.acs.org/doi/10.1021/acsabm.0c00012?goto=supporting-info).Derivation of the effective stiffness ratio; importance of polymer chain alignment in piezoelectric polymers; parametric sweep of the tube geometry; convergence of FEA modeling; additional SEM images of cell/nanotube interaction; upper and lower bounds of bending stiffness and effective shear modulus; QNM of PLLA films; FEA modeling of nanotube side wall deflection; KPFM of PLLA films; magnetic well attachment control; extended QNM data; extended KPFM data; extended PFM data; PeakForce QNM of PLLA nanotubes to the observed surface morphology; attachment of HDFs to polypropylene nanotubes; and material parameters for FEA modeling ([PDF](http://pubs.acs.org/doi/suppl/10.1021/acsabm.0c00012/suppl_file/mt0c00012_si_001.pdf))
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